Introduction
Animal cells maintain their shape and resist external stresses by controlling cytoplasmic pressure. The pressure difference between the cytoplasm and extracellular medium is balanced by cell surface tension. In most animal cells, this tension is controlled by the plasma membrane and by the cell cortex, a thin network of actin filaments attached to the membrane. The cortical network is under contractile stress generated by myosin motor activity and potentially other active processes (reviewed in [1] ). The resulting cortical tension translates into an excess hydrostatic pressure inside the cell that is balanced by an osmotic pressure differential across the semi-permeable plasma membrane. In bacteria and plant cells, the rigid cell wall can maintain osmotic pressure differentials across the membrane of up to several atmospheres, and disruption of the cell wall in cells causes immediate cell lysis. In contrast, the pressure difference across the animal cell plasma membrane is only 1-10% of the extracellular osmotic pressure [2, 3] . Disrupting the actin cortex of an animal cell does not lead to cell lysis, but only to a minor swelling of the cell [3, 4] . In animal cells, volume thus appears to be primarily controlled by the regulation of osmotic pressure, and the function of the cortex is primarily to effect cellular shape changes [1, 5] .
Local changes in the tension of the actomyosin cortex drive most cell deformations. For instance, mitotic cell rounding, cytokinetic furrow ingression, cell body retraction during migration, and apical constrictions in epithelial morphogenesis all result from a precisely controlled modulation of cortex contractility in space and time (reviewed in [1, 6] ). Most cell shape changes require a change in the surface area of the cell. For example, during cell spreading, protrusion formation, or furrow ingression cell surface area increases, while during mitotic rounding surface area decreases. Such area changes require adjustments in the amount and shape of the plasma membrane. The physical interplay between cortex contractions and plasma membrane mechanics during cellular shape changes remains poorly understood.
At the molecular scale, cortical tension can be modulated by changes in the composition, spatial organization, and dynamics of the cortical actin network. Similarly, the microscopic organization of the plasma membrane and membrane-associated proteins, as well as the membrane's interactions with the cortex, affect membrane mechanics. In order to understand morphogenesis, it is thus essential to link the microscopic properties of the cortex and the membrane to the resulting cell-scale mechanics.
We review here our current understanding of the control of mechanical tension at the cell surface by the cortex and plasma membrane and discuss the function of surface tension during cell shape changes. We particularly highlight the need for studies combining physics and biology to bridge scales between the molecular interactions that give rise to cell tension and the resulting shape changes, and we summarize outstanding questions in the field.
Cortex Tension
The cell cortex comprises a network of overlapping, bundled and crosslinked actin filaments ( Figure 1 ) [7, 8] . The primary function of the cortex in morphogenesis is thought to be the control of cell contractility and the resulting surface tension [5] . Adherent interphase cells have a cortical network on their 'top' side [8, 9] . In round cells, such as those about to undergo mitosis, the cortex is a homogeneous network around the periphery of the cell [10, 11] . A number of different techniques have been developed to measure cortex tension in different cell types and in different cellular environments and conditions (Box 1). During cell division, cortical components accumulate in the cell equator, leading to a tension increase at the equator [12] . This creates a tension gradient, where tension/stiffness is threefold higher in the equator compared with the poles [13, 14] and leads to the formation of a contractile ring that drives cytokinesis [5, 12] . Gradients in cortical contractility have also been observed prior to cytokinesis in Caenorhabditis elegans zygotes [15] . During division, the contractile ring is coupled to the cortex in the polar regions of the cell. Polar contractility must be precisely controlled, as contractility imbalance between the poles can lead to size asymmetry between daughter cells [16, 17] and can result in unstable shape oscillations and aneuploidy [18] . Cortical tension gradients are also particularly important during migration, as increased contractility at the cell rear helps propel the cell body forward [1, 19] .
Cortical tension is an emergent property of the cortical network and can be regulated at a number of levels. The main molecular components controlling tension are myosin motors. Myosins generate stresses by pulling on actin filaments in the network at the expense of hydrolyzing ATP ( Figure 2 ). It is commonly believed that the majority of the active stresses in the cortex are mediated by myosin-2 activity, but myosin-1 motors have also been shown to play a role in mediating such stresses in Dictyostelium [20] . At least two different non-muscle myosin-2 (NMM2) heavy-chain isoforms reside in the cortex in mammalian cells during mitosis and migration, NMM2A (MYH9) and NMM2B (MYH10) [19, 21] . In addition, several other myosins have been found to localize to the cortex, including NMM2C (MYH14), several myosin-1 molecules, myosin 18A and smooth muscle myosin heavy chain (MYH11) [21] . A recent proteomic analysis of cortices from isolated blebs -transient membrane protrusions that are enriched in cortical components -has also revealed the presence of several myosin light chains, NMM2A, -B and -C, myosin IXB (MYO9B) and myosin VI (MYO6) [22] . Given the differences in structure and singlemolecule properties of the many cortical myosins [23] , it is possible that they differentially affect cortical tension. This could mean that these myosins play different roles during shape change, as has been observed for NMM2A and NMM2B during migration [19] . A systematic analysis of the effect of the different cortically localized myosins on cortical tension will be required to unveil their specific contributions to cell surface mechanics.
Several functional studies point to a key role for myosin-2 activity in the generation of cortex tension. For instance, cortex tension can be reduced by over 50% following treatment with the myosin-2 inhibitor blebbistatin [2] . Additionally, blebbistatin has been shown to perturb or inhibit processes that are highly dependent on cortical contractions, such as cytokinesis [18, 24, 25] , cell migration [26] and single-cell wound healing [27] . Disruption of the Rho pathway, which is responsible for the activation of myosin-2, has been shown to reduce contractility in a number of contexts (reviewed in [28] ). However, as the Rho pathway can also induce actin polymerization via activation of actin nucleators of the formin family and deactivation of the actin-severing protein cofilin (reviewed in [29] ), further investigation will be required to elucidate the potentially separate roles of actin dynamics and myosin-2 activity in Rho-mediated contractility.
Active tension could also be generated in actin networks by myosin-independent mechanisms, for example through actin dynamics (Figure 3) . Theoretical studies have shown that actin polymerization or depolymerization combined with attachment of barbed-end tracking proteins could generate stresses in actin networks ( Figure 3A ) [30] . Such stresses could produce tensions required for cytokinesis and other morphogenetic events. Formins -actin nucleators that stay bound to the barbed end of growing filaments [31, 32] -are good candidates for playing such a tip-tracking role. Recently, single-molecule experiments have demonstrated that formins can stay bound to the barbed end of a depolymerizing actin filament and can exert force on the shrinking filament [33] . However, it is not clear whether this mechanism plays a role in the generation of cell tension, as depolymerization from barbed ends has not yet been reported in cells. A recent study combining experiments and simulation-based modeling has shown that, in budding yeast, actin depolymerization coupled with filament crosslinking or bundling could be the predominant forcegeneration mechanism in contractile ring closure during cytokinesis ( Figure 3B ) [34] . However, another recent study using permeabilized fission yeast presents contrary 
Box 1
Methods to measure cortex tension.
Cortex tension can be measured using a number of different methods, and measurements range from w20 to 4,000 pN/mm depending on the cell type (reviewed in [1] ). In most of these methods, a cell is perturbed mechanically, and the cell's response to the induced perturbation is quantified. These data are then analyzed using a theoretical model of cell mechanics and the experimental setup in order to extract mechanical properties like tension.
One way to mechanically perturb the cell is to compress it. One of the earliest methods employed to measure cell surface tension, which is dominated by cortical tension, was a compression-based method whereby a glass slide is placed on top of a cell and a flexible gold fiber is used to apply a compressive force on the glass slide [121] . Modeling the cell as a liquid drop and assuming a cytoplasmic viscosity from measurements using other techniques, the surface tension could be extracted from the applied force and the shape of the compressed cell. Cell or tissue compression can also be achieved by squeezing the sample between parallel plates [122] , or by using atomic force microscopy (AFM; panel A below). Cell tension can be extracted from AFM force measurements using a liquid drop model [123] under experimental conditions where the elastic response of the cortex is negligible and where indentation is small enough to primarily affect the cortex [1] . For larger indentations, the stiffness of the cytoplasm or nucleus can also affect compression-based tension measurements [124] .
Cells can also be perturbed by stretching or pulling. One such technique commonly used to measure cortex tension is micropipette aspiration (MPA; panel A below). In 1954, using a device called a 'cell elastimeter', Mitchison and Swann aspirated sea urchin eggs into glass capillaries and determined the pressure difference required to aspirate the cells. Analyzing these pressure measurements and taking into account the sizes of the cell and capillary and applying the Law of Laplace (i.e. modeling the eggs as liquid drops), they could extract surface tension [125] . MPA has since been used to measure tension in a number of different cell lines, including erythrocytes [126] and detached fibroblasts [2] (reviewed in [1] ). Other methods can be used to measure cellular mechanical properties directly related to surface tension. Optical stretchers [127] , active and passive microrheology [128, 129] , cell stretching between parallel plates (panel A below) [130] and traction force microscopy (reviewed in [131] ) have all been used to probe cell mechanics. Although cortical tension contributes to the physical properties measured using these methods, new physical descriptions will be required to extract tension from these experiments.
Measuring cellular mechanical properties in vivo, where direct cell manipulation is often impossible, presents an added challenge. Laser ablation, where cells are deformed by destroying subcellular structures using a strong, usually pulsed, laser, has gained considerable popularity as a technique for measuring tension in C. elegans zygotes [15] and in tissues, for example in Drosophila [132, 133] . In order to extract cortical tension from laser ablation experiments, the recoil of the surrounding cells or subcellular structures following ablation are fit with a theoretical model of the tissue or cell [15, 132, 134] (panel A below). Finally, non-invasive or 'kinematic' techniques [3] , where forces and mechanical properties are extracted by fitting 'natural' cell movements and deformations with a mechanical model of the cell, are another alternative for measuring these properties in tissues or single cells (panel B below). This approach has been used to extract mechanical parameters, including cortical tension, from cell shape dynamics in Drosophila tissues [132, 135, 136] , C. elegans zygotes [15] and single cultured cells during cytokinetic oscillations [18] , or cell-cell contact dissociation [46] . for a pair of anti-parallel filaments with plus ends facing away from a myosin-2 dimer or minifilament, myosin motor activity causes contraction of the system by pulling the actin filaments closer together. Bottom: for filaments with plus ends facing inward, myosin activity causes expansion by pushing the actin filaments away from each other. (B) For a myosin-2 dimer or minifilament bound to a single actin filament, the myosin heads closer to the plus end move toward the plus end. The myosin heads closer to the minus end are tightly bound and/or move toward the plus end at reduced velocity because of their backward orientation. This results in a friction on myosin movement causing the actin filament to buckle, break and compact [42] .
Compression
evidence, showing that cytokinetic ring constriction depends on myosin-2 activity but not actin dynamics [25] , highlighting the need for more systematic investigations of the relative contributions of actin turnover and myosin activity to tension generation. Actin crosslinking and bundling in contractile processes potentially provide another level of regulation of tension in the cell cortex. In both permeabilized fission yeast and Dictyostelium, it has been shown that ectopically increasing cross linking hinders contractile ring constriction [25, 35] . The ability of crosslinkers to resist contraction has also been shown using in vitro reconstituted actin networks on vesicles [36] . A more extensive in vitro analysis has demonstrated that modulating contractility and filament crosslinking can finely tune network organization, leading to a wide range of different actin network structures and behaviors [37] . In cells, the relative turnover times of crosslinkers and motors are likely to be particularly important in contractility regulation. Whether the roles of actin dynamics coupled to crosslinking and myosin-2 motor activity in force generation differ between cell types and how these two mechanisms are coordinately regulated remains an open question in the field.
Aside from providing potential parallel mechanisms for generating stress in actin networks, there is significant crosstalk between actin filament dynamics and myosin-2 activity. In cytokinesis, myosin-2 activity in the contractile ring has been shown to accelerate actin turnover [38, 39] . However, a recent study reports that interfering with myosin-2 activity accelerates actin turnover in the furrow of dividing HeLa cells [40] , suggesting that the effect of myosin on actin dynamics could be cell-type dependent. In vitro evidence demonstrates the ability of myosins to buckle and break actin filaments [41] [42] [43] , which would expose new filament ends that could polymerize or depolymerize, thus affecting actin dynamics. Recent single-molecule experiments also show that the tension on an actin filament (which in cells could result from myosin pulling forces) affects the rates of formin-mediated elongation [33] . In a more indirect form of crosstalk, myosins and cofilin have been shown to compete for binding sites on actin filaments [44] , highlighting the importance of a balance between myosin activity and actin turnover during a complex process like cytokinesis [35] . In addition, it has recently been observed that, in lamellipodia, activity of the actin nucleator Arp2/3 also affects the recruitment of capping protein and cofilin [45] , further highlighting the complexity of the machinery that regulates actin dynamics.
In addition to myosin activity, actin dynamics and crosslinking, cortex architecture is a major determinant of cortical tension. For an isotropic actin network and a given myosin density, cortex tension is predicted to be proportional to cortical thickness [2] . If filament organization or myosin density is not isotropic through the thickness of the cortex, the relationship between tension and thickness is likely more complex [46] . A recent study in mouse oocytes indicates that an increase in cortex thickness during meiosis corresponds to a decrease in tension [47] . This tension decrease also correlates with a decrease in myosin activity, highlighting the need for a better understanding of the interplay between myosin activity, cortex architecture and tension. To address this need, an assay has recently been developed to measure changes in cortex thickness in smaller cells, such as cells in culture, where the cortex is usually too thin to be resolved using conventional optical microscopy. Using this assay, changes in cortex thickness have been observed during retraction of cellular blebs and following treatments perturbing actin dynamics [11] . Such measurements, combined with measurements of cortical tension, will help to further explore the relationship between cortex architecture and mechanics. In addition, ultrastructural studies of the organization of the cortical network and the localization of contraction-generating elements in different physiological conditions will be required to fully understand how network architecture affects tension.
Theoretical models of tension generation, coupled with in vitro investigations where network organization can be assessed more readily, are also essential to understand how molecular events manifest in the mesoscopic scale. For example, in isotropic networks like the cortex, it is unclear why myosin motor activity always results in network contraction and never expansion. Myosins are plus-enddirected actin motors; a pair of anti-parallel myosins walking along two actin filaments is equally likely to pull the filaments together or push them apart depending on the orientation of the actin filaments (Figure 2A ). Several mechanisms have been proposed for the dominance of contractile behavior, including a nonlinear elastic response of actin filaments to pulling or pushing [48] (reviewed in [1] ). (For details on the physics of contractile behavior of actomyosin networks, please refer to [48, 49] .) Evidence from in vitro experiments suggests that actin filament buckling and breakage resulting from myosin-generated forces could favor network contraction ( Figure 2B ) [42, 43] . Recent experiments using 2D in vitro actomyosin networks have also begun to uncover some of the requirements for the formation of different network structures. The balance between myosin activity and actin bundling has been used to establish a phase diagram of different actin states. Depending on the relative concentrations of myosins and actin bundlers, the resulting actin networks can range from small actomyosin clusters to a single, large cluster [37] . Actin networks that are assembled on or inside liposomes also display different contractile behaviors depending on the geometry of the network and activities of myosin, crosslinkers and membrane-cortex attachment proteins [36] . Similar investigations of cortex architecture in live cells, coupled with theoretical models of contraction, will be required to understand the molecular control of cortical tension generation.
Membrane-Cortex Attachment and Membrane Organization
In order to convert cortical contractions into cell shape changes, deformations of the cortex must be coupled to deformations of the plasma membrane. The cortex is attached to the plasma membrane via specific linker proteins. The most well-studied cortex-membrane linkers are members of the ezrin-radixin-moesin (ERM) family (reviewed in [50] ). However, a number of other proteins are involved in linking the cortex to the membrane, including myosin-1 motors [51] (reviewed in [52] ) and filamins (reviewed in [53] ). Most cortex-membrane linkers have two spatially separate domains; one domain mediates binding to lipids and/or transmembrane proteins in the plasma membrane, e.g. the FERM domain of ERM proteins [54] or the pleckstrin homology domain of myosin-1 [55] ; and the other binds to actin filaments. Linkers usually appear uniformly distributed at the cortex, maintaining a close proximity between actin and the plasma membrane. The density of cortex-membrane linkers, such as myosin-1 [56] and ezrin [57] , is particularly high in microvilli, suggesting that strong cortex-membrane attachment is essential to maintain an An actin filament that is bound by a crosslinker (dark blue) near its minus end is disassembled by depolymerization (left) or by severing near the minus end (right, e.g. via the severing protein cofilin, purple). This disassembly results in a stress on the crosslink, and the filaments are eventually pulled closer together when crosslink stress equilibrates, resulting in a contraction of the system [34] . However, such minus-end-tracking behavior has not yet been experimentally observed.
unfavorably high membrane curvature in these thin actinfilled protrusions. The close proximity of actin filaments is likely to affect membrane organization and the dynamics of protein diffusion in the membrane. It has been proposed that cortical actin filaments can act as 'fences', effectively partitioning the plasma membrane into numerous small compartments (reviewed in [58] ). The size of the compartments is set by the density of the actin meshwork [8] . A membrane compartment could be 'picketed' by transmembrane proteins that line the actin meshwork, either because of steric hindrance (the inability to diffuse freely across the actin fence) or due to active recruitment of transmembrane proteins to actinmembrane attachment points [59, 60] . Fences and pickets could explain the observed 5-50-fold lower diffusion of lipids and membrane proteins in cells compared with artificial or detached membranes [58, 61, 62] . The presence of fences and pickets could influence a variety of dynamic membrane processes, from signaling to membrane trafficking. A recent study, coupling theoretical modeling and a quantitative analysis of lipid-bound protein dynamics, has proposed that a network of short and dynamic cortex-associated actin filaments controls the clustering dynamics of membrane molecules [63] .
The attachment of the cortex to the membrane is not continuous, and the plasma membrane displays numerous folds, or 'reservoirs', which can store and release membrane to regulate membrane surface area and tension. Different types of reservoir-like structures have been observed, including blebs, caveolae and microvilli ( Figures 1A and 4) . Blebs form when the membrane transiently detaches from the cortex. Blebs are dynamic membrane structures that can serve as membrane protrusions during cell migration (Figure 4 ; reviewed in [64, 65] ), but could also act as dynamic membrane reservoirs during mitosis [66] [67] [68] and ventral furrow formation [69] . Small bleb-like folds have also been proposed to store membrane material during periodic cortex contractions [70] . Caveolae are small, relatively stable, cupshaped invaginations of the plasma membrane (Figures 1A  and 4 ; reviewed in [71] ) that can buffer membrane surface area and membrane tension in response to mechanical stress, such as during cell swelling due to changes in osmotic pressure [72, 73] . Finally, microvilli (and similarly, filopodia and stereocilia) are long, thin membrane protrusions filled with bundled actin filaments ( Figures 1A and 4) . The presence of actin bundles in these thin membrane tubes and the attachment of the membrane to these actin bundles may prevent the rearrangement of the membrane into a 'pearls on a string' configuration [74, 75] Up to several m in diameter [113] 50-100 nm in diameter; typically several 100 nm in length (can be much longer) [76] [77] [78] Typically 60-100 nm in diameter [71] 50-300 nm in diameter [86, 87] Expansion within 30 seconds. Retraction within 2 minutes. Unstable [113] .
Dynamics
Growth within 2-3 minutes. Stable for about 5 minutes. Retraction within 4-5 minutes [76] .
Assembly within 2-5 minutes; disassembly in 30 seconds [73] . Caveolar structures may be very stable (possibly for hours) [140] .
Variable. Examples: Formation and scission of clathrin-coated pits within 20-120 seconds [142] . Fusion of exocytic vesicles with the plasma membrane within seconds to minutes [143, 144] . Exocytic vesicles can remain docked at the plasma membrane for several minutes [143, 144] .
Cytokinesis [66] [67] [68] Ventral furrow formation in Drosophila [69] Small, atypical blebs during periodic protrusions [70] Cell rounding and cytokinesis [66, 67, 79] Cellularization in Drosophila [80] Mechanical stress [72, 73] Cellularization in Drosophila [81] Cytokinesis [82, 83] Phagocytosis [84] Membrane healing [85] 500nm Current Biology Figure 4 . Examples of plasma membrane reservoirs.
reservoirs for membrane surface area regulation during a number of processes, such as mitotic cell rounding and post-mitotic spreading [66, 67, 79] , as well as cellularization during Drosophila embryogenesis [80] . However, a cytoplasmic reservoir of vesicles has also been shown to contribute to cellularization in Drosophila [81] . Membrane surface area and tension can also be regulated by endocytosis and exocytosis; thus internal membrane vesicles can also act as membrane reservoirs (Figure 4 ). Regulated exocytosis is involved in membrane area regulation during abscission [82, 83] , phagocytosis [84] and healing of the plasma membrane after rupture [85] . Cells can also endocytose membrane patches to reduce the surface area of the plasma membrane. Multiple pathways of endocytosis have been described (reviewed in [86, 87] ), including endocytosis of caveolae [88] .
The formation of membrane reservoirs at the cell surface depends on the physical properties of the membrane, for example the bending elasticity, which describes the resistance to deformation. Membrane bending elasticity is affected by the lipid composition of the bilayer [89, 90] . Interestingly, caveolae are enriched in cholesterol and sphingolipids [91, 92] , while sphingomyelin clustering is important for the formation of microvilli [93] . In addition, membrane proteins may regulate and stabilize local curvature of the membrane. For example, BAR domain proteins stabilize highly curved membrane (reviewed in [94] ) and play an important role in the formation of vesicles during clathrin-mediated endocytosis [95] . BAR domain proteins have also been implicated in the formation of surface folds, such as microvilli and filopodia [96] .
Plasma Membrane Tension
The spatial organization and shape of the plasma membrane determine its physical properties, which in turn contribute to global cell mechanics during morphogenesis. Membrane tension, defined as the force per unit length acting on a cross-section of membrane, is a key cellular physical parameter. For a lipid vesicle that does not contain membrane reservoirs and for small membrane area strain, in-plane membrane tension depends on thermal fluctuations and on the ratio between the total surface area of the membrane and its 'apparent area' (i.e. the minimum surface necessary to enclose the volume within the vesicle). Extending the apparent area reduces the amplitude of fluctuations, resulting in a restoring force that corresponds to the effective membrane tension [97, 98] . Membrane fluctuations themselves can be used to measure membrane tension [99] . This method has been used to measure membrane tensions in red blood cells of w0.5-50 pN/mm, depending on the experimental conditions [100, 101] .
In a cell, the presence of folds and reservoirs has important consequences on the control of the physical properties of the plasma membrane, particularly its tension. Confining the cell membrane in free membrane folds is expected to result in lower membrane tension. However, structurally stabilized reservoirs, such as caveolae or microvilli, can act to increase membrane tension by sequestering lipids or to decrease membrane tension by releasing lipids. The difference in free energy between the open and closed state of a reservoir can, in principle, set a fixed membrane surface tension [72] . In addition, transmembrane and membraneassociated proteins and cortex-membrane attachment can all affect and regulate membrane tension.
Spatial gradients of transmembrane or membrane-associated protein concentrations could also generate gradients in membrane surface tension [102] or induce spontaneous membrane curvature; local protein accumulation has recently been shown to induce membrane curvature in giant unilamellar vesicles, suggesting that protein-protein crowding could affect the curvature of the plasma membrane [103] . Concentration gradients of proteins diffusing in the plasma membrane may depend on their interaction with the actin filaments in the cortex. In addition, dynamic effects can create differences of tensions due to flows of membrane, occurring, for instance, during cellular deformation. During deformations, membrane flows are resisted by the internal viscosity of the membrane. Membrane proteins bound to the actin cortex may also generate friction as the membrane flows with respect to the cortex. This friction has to be taken into account to explain the dynamics of tube extension in membrane-pulling experiments (Box 2) and is also likely to limit the speed of expansion of membrane protrusions [104] . Finally, membrane tension gradients can drive flows and deformations in the membrane both in-plane and outof-plane, setting membrane shape [105] .
Membrane and Cortex Interaction during Cell Shape Changes
The mechanics of both the cortex and the membrane must be taken into account to understand cell deformations. A number of reports indicate that plasma membrane tension Membrane tension can be measured by pulling on an optically trapped bead or an AFM tip attached to the membrane at the surface of a cell. The force required to pull a membrane nanotube depends on the membrane bending modulus (which affects the ability to locally curve the membrane to form a tube) and the in-plane tension of the membrane in the tube. For membranes adhering to a substrate, the tether force is also affected by adhesion energy. Physical descriptions of vesicles adhering to a continuous substrate indicate that adhesion energy depends on the membrane osmotic pressure, where membrane osmotic pressure is defined as the entropic cost of confining linkers in the region of the membrane in contact with the substrate [145] . For measurements of plasma membrane tension in cells, experiments indicate that cortex-membrane attachment also influences tether force. Differences in tether forces in the presence or absence of the cortex have been attributed to the cortex-membrane adhesion energy [146] . Modifications of linker proteins between the membrane and the cytoskeleton have indeed been shown to affect membrane tension measured by tether pulling experiments (myosin-1 [51] ; ezrin [147] ). How the microscopic parameters of membrane-cortex attachment set the adhesion energy is not entirely understood. Methods to measure and manipulate membrane tension have been extensively reviewed in [112] . mechanically resists shape changes involving an increase in the total surface area of the cell. For example, membrane tension resists the expansion of cellular protrusions during cell spreading [106, 107] and cell migration [108] [109] [110] [111] . In addition to a purely mechanical resistance to deformation, membrane reorganization during shape changes requiring cell surface expansion likely activates mechanosensory pathways; the nature of these pathways and their influence on cellular processes, such as cell polarity and migration, are poorly understood (reviewed in [112] ).
The influence of membrane mechanics on cell shape changes in which the surface area of the cell remains constant or decreases is comparatively less well understood. The formation of membrane blebs and other reservoirs is commonly observed during cell rounding upon mitosis entry or following trypsinization, suggesting that the membrane cannot be internalized quickly enough to accommodate the acute decrease in cell surface area [66] . It is thought that, during local cortex contractions, cortex-membrane links flow within the liquid plasma membrane, resisting cortical contractions and flows [15] . However, a number of recent reports indicate that the membrane often does not simply flow away, but rather accumulates in the contracting regions. Fluorescence and electron microscopy imaging indicate that the plasma membrane becomes locally crumpled during cortex contractions in retracting blebs [113] , and during periodic cell contractions [70] . Similarly, a recent study has demonstrated that membrane blebs and tubules form around the ingressing furrow during cytokinesis and that formation of the midbody at the end of cytokinesis is accompanied by shedding of the local membrane folds [114] . This suggests that the plasma membrane cannot freely diffuse from the equator during cytokinesis and is at least partially restricted to the region of the furrow [114] . Interestingly, studies of lipid bilayers coupled to elastic sheets indicate that when subjected to compression, membranes can spontaneously form tubes reminiscent in shape of microvilli and filopodia, even though they form in the absence of a cytoskeleton [115] . Taken together, these studies suggest that the formation of membrane blebs, folds and tubes occurs during global and local cortex contractions. The mechanical contribution of membrane folding and reorganization during contraction-driven deformations remains poorly understood. A major challenge for the future will be to understand the mechanical interplay between the cortex and the plasma membrane during cellular shape changes.
Finally, the dynamics of cell deformation are likely to depend strongly on the mechanical properties of the cortex and the membrane. For the cortex, typical tension values are on the order of w100 pN/mm and flow timescales are of the order of tens of seconds [1] . This gives a two-dimensional viscosity of w1,000 pN$s/mm for the cortex. The effective two-dimensional viscosity of a lipid membrane, w0.001 pN$s/mm [116] , is several orders of magnitude lower. This suggests that gradients in tension elicit considerably faster flows in the membrane than the cortex. However, friction between the membrane and the cortex will also influence membrane flow dynamics. Intuitively, this suggests that tension gradients are longer-lived in the cortex, which may make cortical tension gradients more effective for driving local cell shape change than gradients in membrane tension. Gradients in membrane tension are expected to lead to membrane flow relative to the underlying cytoskeleton. Because membrane flows are relatively fast, a change in membrane tension in one part of a cell would be felt in another part of the cell almost immediately. It has been proposed that this rapid propagation of tension within the membrane may enable membrane tension to coordinate cell behavior over long length-scales [107, 108] . (For a more detailed physical description of membrane mechanics and the relationship between tension, viscosity and flow, please refer to [116] [117] [118] [119] .) Direct measurements of cortical viscosity and the continued investigation of cortex and membrane mechanics will further elucidate the roles of tension gradients in cell shape change.
Outlook Recent work combining cell biology, in vitro reconstitution experiments and physical modeling has vastly improved our understanding of tension generation at the cell surface. However, a number of outstanding questions remain. It is currently not well understood how molecular-scale interactions leading to stress generation translate to cell-scale contractile tension and morphogenesis. Studies using in vitro systems combined with theoretical modeling will help to address questions related to the compressive vs. expansile potential of actomyosin systems and the interplay between contractile behavior and network architecture (Figures 2 and 3 ). Experiments investigating how changes in cortex and membrane architecture affect cell mechanics and morphogenesis will help to bridge scales between molecular processes and their effects on cell shape. In the case of the plasma membrane specifically, new methods will be required to better assess membrane architecture and dynamics. The development of new experimental tools and theoretical models will be key to fully understanding the mechanics of cell shape, from molecules to cell-scale morphogenetic processes.
In order to achieve a more complete picture of cellular mechanics in morphogenesis, the physical properties of the cytoplasm and the nucleus must also be considered. Both global and local changes in cytoplasm composition and organization could influence cell shape. New approaches, combining physical measurements, molecular perturbations and physical modeling will be required to disentangle the contributions of different cellular components to global cell mechanics.
